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Abstract

Soil fungi, by damaging or decaying weed seeds in the soil seed bank, are important agents of
biological weed control. Pesticide seed treatments (PST) that include fungicides may alter the
communities of soil fungi that colonize weed seeds in the soil and therefore the nature and
efficacy of this important source of biological weed control. Tillage, by disrupting fungal
networks and spatially redistributing the fungicides associated with PST throughout the soil
profile, may mediate the effects of PST on seed coat fungi. We conducted a two-year experiment
at two sites with two levels of PST (treated and untreated crop seeds) and three levels of tillage
(Full, Strip, and No-Till) and analyzed the fungal community on Amaranthus retroflexsus seed
coats. We found that at our no-till site, fungal communities were less diverse in the presence of
PST. We also found simplification of seed coat fungal communities between tillage treatments.
These results suggest that both PST and tillage may modify the weed control effects of soil
fungal communities and these effects should be further studied and considered when employing
these common management practices.

viii

Introduction
Soil seedbanks consist of seeds that have been shed from maternal plants but that have
not yet germinated and are the source of most weeds in agricultural systems (Davis, 2006). Soil
seedbanks are in continuous cycles of depletion and replenishment, with seeds leaving the
seedbank through the processes of germination, granivory, and decay, and new seeds entering the
seedbank through seed rain and migration (Davis, 2006). As such, seeds play an important role in
the establishment and persistence of plant communities.
Since the first commercial herbicide became available in 1945, herbicides have become
the primary tool for managing weeds that emerge from the soil seed bank (Cobb and Reid, 2010).
Herbicides are often effective at preventing new inputs of seeds into the soil because they kill
weeds before they produce new seeds, thereby depleting seedbanks over time. However, because
herbicides exert such strong selective pressure on weed populations, an increasing number of
agronomically important weeds have evolved resistance to herbicides, making herbicides less
effective as the sole tool for weed management (Heap, I., 2020.; Mortensen et al., 2012).
Due to growing concerns over the evolution of herbicide resistance, as well as other nontarget effects of herbicides, farmers are becoming increasingly interested in integrated weed
management (IWM) (Norsworthy et al., 2012). Under an IWM approach, farmers attempt to
manage weeds with a diverse set of cultural, physical, and chemical practices that target not just
emerged weeds, but the entire weed lifecycle, including the soil seedbank (Swanton and Murphy,
1996). While cultural weed management practices common to IWM, such as the use of cover
crops and crop rotation, can help reduce weed populations, they tend to have lower efficacy than
herbicides (Liebman and Gallandt, 1997; Weisberger et al., 2019).

The lower efficacy of IWM practices increases the importance of biotic sources of weed
mortality; the mammals, insects, and fungi which destroy weeds and weed seeds in the soil
(Smith and Mortensen, 2017). From a community assembly perspective, herbicides can be
thought of as strong abiotic filters on the assembly of weed communities, while biotic filters,
such as cover crops, crop rotation, and the natural enemies of weeds (e.g., herbivores, granivores,
and plant pathogens), tend to be weaker filters on the assembly process (Booth and Swanton,
2002; Ryan et al., 2010; Smith and Mortensen, 2017). Hence, for IWM to enable farmers to
reduce their reliance on herbicides, strategies for increasing the effectiveness of biotic filters—
especially the natural enemies of weeds— are needed. Modeling and understanding the
efficiency of biotic filters requires improving our mechanistic understanding of when and how
specific natural enemies influence weed populations and quantifying the rates at which they
deplete the weed seedbank, and how these factors are affected by common agricultural practices
(Kremer and Li, 2003; Liebman and Davis, 2000).
Saprotrophic fungi are important natural enemies of weed seeds (Chee-Sanford et al.,
2006; Wagner and Mitschunas, 2008). Largely responsible for the decomposition process in
soils, fungal saprotrophs possess the traits to decompose seeds despite their physical and
chemical defenses (Schneider et al., 2012). While numerous studies have characterized the
microbial communities present in bulk soils (Katulanda et al., 2018; Zhang et al., 2018) and in
plant rhizospheres (Blagodatskaya et al., 2014, Sauvadet et al., 2018), few have characterized
those present on agricultural weed seeds. While substantial research has been conducted on nonweed seed microbiomes (Nelson, 2018), much of this work has focused on the seed
microbiome’s role in seed germination and subsequent plant growth, rather than decay of
dormant seeds. Gómez et al. (2014) identified a link between Pythium ultimum (an Oomycete
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plant pathogen) and Setaris faberi (a monocot weed) viability in a greenhouse experiment, but
we know little about how plant pathogen (Harding and Raizada, 2015) and agricultural
management practices impact seedbanks (Davis et al., 2006; Sommermann et al., 2018).
Tillage, the preparation of soil by mechanical agitation, is an important management
practice that can alter soil microbial communities, and potentially their role as biotic filters of
weeds. Tillage has long been recognized to alter soil physical properties, soil microbial
communities (Frey et al., 1999; Lee and Schmidt, 2014), and weed communities (Gómez et al.,
2014). Farmers employ tillage for a variety of purposes, to terminate weeds, incorporate soil
amendments, and to prepare seedbeds for planting. The use of tillage has declined in some
regions owing to concerns over soil conservation and health. More recently, adoption of largescale no-till systems have been enabled by the commercialization of transgenic, herbicideresistant crops capable of tolerating post emergence applications of certain herbicides,
particularly glyphosate. This system has largely eliminated the need for tillage as a weed
management tool, while accelerating development of herbicide resistance (Bredeson and
Lundgren, 2019; Douglas and Tooker, 2015; Jeschke et al., 2011). In regions with high
incidences of herbicide resistant weeds, or systems which prohibit the use of certain herbicides,
such as organic systems, tillage remains important. Strip tillage been proposed, and
implemented, as a hybrid system where only the crop row is tilled to capitalize on the benefits of
tillage with a reduced impact on soil health and structure (Williams et al., 2017).
Crop seeds coated in insecticides and fungicides also known as, pesticide seed treatments
(hereafter “PST”) are nearly ubiquitous in major cropping systems in the US (Douglas and
Tooker, 2015; Jeschke et al., 2011). The prophylactic use of PST is intended to give crops an
early advantage against possible yield loss due to insect pests and fungal disease (Labrie et al.,
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2020; Papiernik et al., 2018). Despite their widespread use, research has documented non-target
effects of PST components on insect populations, rhizosphere microbial communities (Nettles et
al., 2016), and weed communities (Smith et al., 2016). In addition, PST components have been
detected in non-target crop plants, including cover crops (Bredeson and Lundgren, 2019), as well
as sensitive habitats well away from the point of application, suggesting that some components
of PST are highly mobile (Anderson et al., 2015; Radolinski et al., 2018). As a consequence of
these non-target effects, the justification for prophylactic use of PST is increasingly being
questioned (Lamichhane et al., 2020).
Given the important role that soil fungi play in mediating weed population dynamics and
the decomposition of weed seeds in the soil, surprisingly little attention has been payed to
determining if PST with fungicides may alter the community of fungi that colonize weed seeds
in the soil. Several lines of evidence suggest that PST use could impact the soil fungi that
colonize weed seeds in the soil. Nettles et al. (2016) characterized changes in rhizosphere
microbial communities associated with PST and found that crop rhizospheres were enriched in
several fungal OTUs in the presence of PST. While the fungicide components of PST typically
target Pythium spp., Fusarium spp., and other fungi which commonly lead to damping off in
plant seedlings, these fungicides are broad spectrum and therefore other fungal taxa could be
impacted by PST as well (Lamichhane et al., 2020; Syngenta, 2012). What’s more, many of the
same pathogenic fungi that attack crop seeds in the soil have also been found to colonize weed
and attack seeds (Mohler et al., 2012).
Previous work investigating the roles that soil fungal communities play in mediating
weed seed persistence in the soil have been inconclusive. Frost et al. (2019) found no difference
in viablility of weed seeds treated with fungicide compared to untreated weed seeds. In contrast,
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Nikolić et al. (2020) observed higher rates of weed seed decay in seeds buried in a no-till
agricultural field compared to seeds buried in an adjacent planted riparian buffer zone. Other
studies examining viability in seeds with minimal exposure to soil fungi, either by placing seeds
in sterilized soils or by excluding fungi using fungicide coated weed seeds, and comparing to
seeds in field soils with robust fungal communities, have yielded mixed results (Davis and
Renner, 2007; Kumar et al., 2008; Leishman et al., 2000). Ullrich et al. (2011) reported
inconsistent changes in weed seed viability in soils with high vs lower microbial biomass, and
recommended targeting microbial function in order to better characterize the relationship. In the
majority of these studies, characterization of the fungi present on weed seeds was done with
phospholipid fatty-acid (PLFA) markers and media-based culture, methods which provide little
insight into the functional capacity of fungal communities. These studies also focused on
pathogens, most of which do not act on weed seeds until they initiate germination, rather than
saprotrophs that break down dead or dormant seeds.
In this study we characterized the fungal community present on the coats of seeds of
Amaranthus retroflexus, a warm season annual weed, overwintered in field soils with and
without histories of PST and under differing intensities of tillage. We also assessed overwintered
A. retroflexus seed viability and examined variation in this parameter in relation to fungal
community composition. We hypothesized that both PST use and tillage intensity would alter the
diversity of the fungal community that colonize weed seed surfaces, as well as the relative
abundance of pathogenic taxa (the target organisms of PST). We predicted that PST and tillage
would interact, with higher tillage intensity resulting in a dilution of the PST effect due to soil
mixing. Lastly, we hypothesized that in PST treated plots, weed seed viability would be greater
because of a suppression of fungal natural enemies.
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Methods
Overview
In order to assess the impacts of PST and tillage on weed seed coat fungal communities
and seed viability we conducted a two-year field experiment at two sites. At both sites we buried
seeds of Amaranthus retroflexsus L. (Redroot Pigweed) in mesh bags and allowed them to
overwinter following the 2018 and 2019 growing seasons. A. retroflexsus has a generally long
lived seedbank (Korres et al., 2018; Ullrich et al., 2011) and is a common component of the
weed flora at both sites. Several members of the genus are considered serious agricultural weeds
throughout the US, with a number of genotypes having developed resistance to multiple
herbicide modes of action, making it an ideal model weed (Korres et al., 2018; Heap 2020).

Site Descriptions
The study was conducted at two locations, the University of New Hampshire’s Kingman
Research Farm in Madbury, NH, USA (43°10'25.6"N 70°55'24.0"W) and The Pennsylvania
State University’s Russell E. Larson Agricultural Research Center at Rock Springs, PA, USA
(40°42'37.5"N 77°57'04.5"W). Soils at the NH site are a Hollis-Charlton fine sandy loam
(Charlton series: coarse-loamy, mixed, superactive, mesic Typic Dystrudepts; Hollis series:
loamy, mixed, superactive, mesic Lithic Dystrudepts) (National Cooperative Soil Survey, Freyre
and Loy, 2000). Soils at the PA site are shallow, well-drained lithic Hapludalfs formed from
limestone residuum, and the dominant soil type is a Hagerstown silt loam (fine, mixed,
semiactive, mesic Typic Hapludalf) (Braker, 1981). The soil is characterized by a silt loam
surface texture and subsurface textures of silty clay loam and silty clay.
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Experimental Treatments
Experimental treatments at the NH site were PST (two levels: treated and untreated crop
seeds sown each year) and tillage (three levels: full-till, strip-till, and no-till) applied as a full
factorial. The crop rotation was not an experimental factor, with a single crop, either maize or
soybean, grown in all treatments each year. Additionally, we included a treatment planted to
alfalfa to serve as a perennial crop “control”. The tillage and alfalfa treatments were initiated in
the spring of 2013 and were originally intended to investigate the effectiveness of interseeding
legume cover crops into corn and soybean. Consequently, each tillage treatment had two levels
(interseeded with legume cover crops or no interseeding); however, the interseeding treatments
were never successful and therefore the two levels of each tillage treatment were essentially
identical for the three years that the interseeding treatment was applied. All treatments except the
alfalfa control were sown with pesticide-coated maize (2013 and 2015) or soybean (2014) seeds.
PST treatments were initiated in spring 2016 by assigning the previous “interseeded” treatment
associated with each tillage level to PST (maize and soybean planted with pesticide-coated
seeds) while the “no interseeding” treatment was assigned the control treatment (maize and
soybean planted without PST) (Table 1). Hence, the tillage treatments were in place for three
years prior to the initiation of the PST treatments, and all PST treatments were in place for two
years prior to the installation of seed bags. Treatments were randomly assigned to 12.2 m x 26 m
plots (eight crop rows 76 cm apart) within each of four blocks, with no buffers between plots
within a block. Blocks were separated by a 12.2 m buffer of mowed grass. Within each block
two additional plots that were vestiges of the previous tillage/interseeding study were maintained
as cropped “buffers” so as to reduce the potential for edge effects in the other plots. These buffer
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plots were planted to either untreated maize or untreated soybean, depending on the year, and
were managed identically to the other treatments, but were not considered part of the experiment.
Tillage treatments were initiated prior to planting each year. Full-till plots received a
burn-down application of glyphosate and were moldboard plowed to 30 cm, disked, and then
rolled with a Perfecta II (Unverferth Manufacturing Co., Inc., Kalida, OH). Strip-till plots
received a burn-down application of glyphosate followed by strip-tillage with a Model 330
Ripper-Stripper (Unverferth Manufacturing Co., Inc., Kalida, OH). No-till plots received a burndown application of glyphosate but were left otherwise undisturbed. Both maize (2013, 2015,
2017, and 2019; 32,000 seeds per acre) and soybean (2014, 2016, and 2018; 206,000 seeds per
acre) were planted with a four-row planter (John Deere MaxEmerge, Moline, IL). Each year,
crop genotype, planting date, row spacing, and crop density were identical between the PST
treated and untreated plots. All treatments were seeded on the same day each year; however,
untreated seeds were planted before treated seeds in order to prevent contamination in the
planter. All plots received identical herbicide programs, pre and post plant applications of
Round-up (1 Quart per acre @ 48.8% AI Roundup weatherMAX split between the pre and a post
planting application that typically occurred around mid-July).
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Table 1. Pesticide seed treatments by year at the NH site.
Year Manufacturer Seed
Treatment
Insecticide
Trade
Name
2016

BASF

2017

Syngenta

2018

TA Seeds

Soybean,
BG 7171
RR2
Soybeans
Maize,
TA290-00

Alert
soybeans
2020

Imidacloprid

CruiserMaxx 250

Thiamethoxam

Soybean,
TS1759R2

Trius Elite

Imidacloprid

Fungicides

Integral Liquid bio
fungicide (Bacillus
subtillis),
Thiabendazole
Mefenoxam,
Fludioxonil,
Mefenoxam,
Azoxystrobin,
Thiabendazole
Metalaxyl,
Fuldioxoinil,
Thiabendazole,
Azoxystrobin

Experimental treatments at the PA site were PST (three levels: treated and untreated crop
seeds sown each year, and Integrated Pest Management (IPM)) and cover crop (two levels: cover
crop, no cover crop) applied as a 6x6 Latin square. While the IPM treatment was intended to
represent a third approach to managing pest insects, no IPM actions were initiated; therefore, the
IPM plots were identical to the untreated plots. The cover crop treatment was grown from 11
April to 4 June 2017 (Avena sativa) and then 22 November 2017 to 23 May 2018 (Secale
cereale). Cover crop performance was poor, with weeds exceeding cover crop biomass in all
plots both years. Therefore, while cover crop is included in our models, we did not attempt to
interpret the effects of cover crop on our response variables. The experimental rotation was
maize-soybean initiated in the 2017 growing season, with a single crop, either maize or soybean,
grown in all treatments each year as in NH. In 2016, 5 rows were planted to soybean, while the
9

6th row was planted to a Maize, soybean, sorghum, sunflower mix as part of another experiment.
Treatments were randomly assigned to 12.2m x 33.5m plots (eight crop rows 76 cm apart) within
each of 6 rows and 6 columns to minimize variation in the field, with no buffers between plots.
No tillage was conducted at the PA site, plots received a burn-down application of
herbicide but were left otherwise undisturbed. Each year (2017 Maize; 79074 seeds per hectare;
2016 and 2018 Soybean; 439,874 seeds per acre) crop genotype, planting date, row spacing, and
crop density were identical between the PST treated and untreated plots. All treatments were
seeded on the same day each year; however, untreated seeds were planted before treated seeds in
order to prevent contamination in the planter. All plots received identical herbicide programs
(2017; post-plant, Impact, Accent, Banvil, and Degree Extra; 2018; pre-plant, 22 fl oz/acre,
Roundup powerMAX).

Table 2. Pesticide seed treatments by year at the PA site.
Year Manufacturer Seed
Treatment
Insecticide
Trade
Name
2017

Syngenta

Maize,
MC5250

CruiserMaxx 250

Thiamethoxam

2018

TA Seeds

Soybean,
TS2849R2S

Trius Elite

Imidacloprid

Fungicides

Mefenoxam,
Fludioxonil,
Mefenoxam,
Azoxystrobin,
Thiabendazole
Metalaxyl,
Fuldioxoinil,
Thiabendazole,
Azoxystrobin
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Seed Bags
Fifty A. retroflexsus seeds from the same seed lot were placed in 10 cm x 10 cm nylon
mesh bags 10 cm2 and then surface sterilized in a 1% NaCL, 1% Tween (surfactant) solution for
five minutes prior to installation in order to reduce the number of fungal sequences detected
which did not originate from our treatments.
Three seed bags were buried 5 cm below the soil surface in each experimental plot at the
NH and PA sites in November of 2017. Each experimental unit was eight crop rows wide and
seed bags were installed in the three middle alleyways between crop rows, staggered ¼, ½, and
¾ of the length of the plots. This installation spread the bags across the central portion of the
plots to avoid edge effects. Bags were removed in April of 2018 and moved to -80o C cold
storage within 2 hours. Exhumed seed bags from the PA site were bagged, placed in coolers with
dry ice, and shipped overnight to NH where they were put into -80o C cold storage until
processing could be carried out. We repeated this process in year two (November 2018 to April
2019), but increased the number of seeds per bag to 100 and the number of bags per plot to five
to allow for viability testing. Seeds used for viability testing were placed in 4oC cold storage and
assayed within 30 days of removal from soil (see details below).
In year two, control seed bags were also buried in the buffer plots at the NH site. Each
control mesh bag was placed in plastic Ziploc bags so that seeds experienced the same soil
temperatures as the other bags but without contact with soilborne fungi. Seeds from these bags
were used to assess viability and the relative abundance of fungi on the sterilized seeds.
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Seed Viability
In both 2018 and 2019, subsets of recovered seeds from the NH site were assayed for
viability using methods similar to Ullrich et al. (2011). Seeds were examined with a hand lens
after removal from mesh bags, and 200 in-tact seeds from each NH plot were placed in petri
dishes with #2 filter paper. Petri dishes were placed in the greenhouse to reach optimal
germination temperatures for Amaranthus spp. (Ghorbani et al., 1999), watered with 5 ml of RO
water, and re-watered as necessary. Germinated seeds were counted weekly for three weeks. At
the end of three weeks we removed seeds from dishes and performed the imbibed seed crush test
(Borza et al., 2007) on any seeds which had not germinated. Seeds which crushed under light
forceps pressure were counted as non-viable. Remaining seeds were cut in half, placed in a
tetrazolium solution for 24 hours, and those with stained embryos were counted as viable. Seed
viability (V) was calculated as:
V = (TS - SFC - SFT)/( TS)
Where TS is total seeds in the dish, SFC is seeds that fail the crush test, and SFT are seeds which
did not have stained embryos in the tetrazolium test.

Seed Coat Fungal Community Characterization
ITS metabarcoding was used to assess seed coat fungal diversity and community
composition. Once removed from mesh bags, seeds were rinsed in autoclaved water to remove
loosely adhering soil. Then DNA was extracted from 0.5 g of seeds (approximately 50 seeds)
from each plot using a PowerSoil DNA Isolation Kit (MoBio Laboratories, Carlsbad, California,
USA). It is important to note that our protocol of rinsing seeds in PCR grade water prior to DNA
extraction, likely left all but the most loosely adhering soil fungi on seed surfaces. Therefore, the
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seed coat fungal data we present here represent all soil fungi that were on the seeds in addition to
those that had specifically colonized the seed coat.
The ITS2 region was amplified using polymerase chain reaction (PCR) and the primer
pair fITS7 (Ihrmark et al., 2012) and ITS4 (Schoch et al., 2012). Custom PCR primers contained
the Illumina adaptor sequence, an 8 base pair (bp) pad sequence, a 2 bp linker sequence, and one
of 16 unique 8 bp index sequences. PCR reactions were performed in triplicate as in Anthony et
al. (2017). Products were cleaned with an AxyPrep MAG PCR Clean-up kit (Corning,
Tewksbury, Massachusetts, USA), inspected on an agarose gel, and DNA concentration was
measured by fluorometry on a Qubit 3.0 Fluorometer (Life Technologies, Grand Island, New
York, USA). Equimolar amplicon libraries (2018 and 2019) were sequenced on an Illumina
MiSeq using v2 chemistry and a paired end read (2x 250 bp) at the Center for Genomics and
Bioinformatics at Indiana University, Bloomington, Indiana, USA.
From the raw sequence data, Trimmomatic (Bolger et al., 2014) was used to remove
sequences with phred scores < 2 and shorter than 100 bp and demultiplex the remaining
sequences. USEARCH v11 (Edgar, 2010) was used to merge reads prior to extracting the ITS2
region and eliminating chimeric sequences using ITSx v1.1.1 (Bengtsson-Palme et al., 2013).
The pipeline following the ITSx extraction was run on data sets with and without ITSx and
produced identical results. USEARCH v11 was used to cluster Organizational Taxonomic Units
(OTUs) at 97% similarity with the UPARSE algorithm and assign taxonomy using SINTAX and
the Untie UTAX v8 database (Edgar, 2018, UNITE, 2018). Taxonomic assignments were
processed through the FUNGuild database to assign functional guild information (Nguyen et al.,
2016). This bioinformatics pipeline produced reads from a total of 2010 fungal OTUs.
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Data Analysis
Seed viability was analyzed using ANOVA with orthogonal contrasts in R 3.6.3 core
functions (R core development team, 2020) with an alpha of 0.05 for all tests. The assumptions
of normality of residuals, homogeneity of variance, and block-treatment additivity were checked
using Shapiro-Wilk, Levine’s, and Tukey 1 degree of freedom tests for all univariate analyses.
Communities from the two sites were analyzed separately due to their different
experimental designs and underlying treatment structures. Fungal community data from both
sites were relativized (general relativization) by plots to produce relative abundance values, since
total sequence abundance is an artifact of the process rather than of treatment (Hugerth and
Andersson, 2017; McMurdie and Holmes, 2014). Prior to conducting multivariate analyses
(described below), OTUs which occurred in less than 5 percent of plots were removed in order to
reduce the influence of the rare OTUs on the analyses (McCune et al., 2002) leaving 1116 OTUs
for analysis in NH of which 495 were assigned to a guild, and 1355 OTUs in PA, of which 625
were assigned to a guild.
PerMANOVA in R was run with the package ‘vegan’ to test for group differences in the
seed coat fungal communities by treatment with a Bray-Curtis dissimilarity matrix and the
function ‘adonis2’ (Oksanen et al., 2019, Anderson, 2001). The initial model for the NH site
showed an interaction between year and tillage, so the two years were analyzed separately. No
interactions were apparent for the PA site and years were analyzed together.
We used Nonmetric Multidimensional Scaling (NMS) of plots in OTU space in order to
visualize differences in seed coat fungal community composition and structure between
treatments. NMS was run in R with ‘vegan’ using Bray-Curtis dissimilarity. Ordinations were
run with up to 10 axes; best fit was selected based on a reduction in stress on .05 from the next
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lowest number of axes. Once the appropriate number of axes was selected, a Monte-Carlo
simulation was run in order to determine if the ordination was significantly better than random.
The resulting axes were plotted against each other using the ‘ggplot2’ package for visualization
(Wickham, 2016)
In order to identify differences in the fungal communities at the OTU level, we conducted
an Indicator Species Analysis (ISA) (Dufrêne and Legendre, 1997) with the R package
‘indicspecies’ and the function ‘indval.g’ with 4999 permutations (De Caceres & Legendre,
2009). ISA was performed using PST as the grouping factor in PA and PST and tillage in NH.
Seed coat fungal community diversity indexes (richness, evenness, Shannon’s, and
Simpson’s Diversity, all calculated prior to deletion of rare OTUs) were calculated by plot in r
using the vegan package and transformed to the -0.4625 power in order to meet ANOVA
assumptions. Type II sums of squares were analyzed using the ‘Anova’ function of the ‘car’
package (Fox and Weisberg, 2019) in order to account for imbalance from missing plots. For the
NH site, block, PST, and tillage were treated as fixed factors with year treated as a nonindependent repeated measure.
To analyze fungal diversity metrics from the PA site, a Type II ANOVA was performed,
again treating year as a repeated measure. Because the design of the PA experiment was a Latin
Square with 6 treatment levels rather than the explicit factorial, we used the emmeans package
(Lenth, 2020) to generate least squares adjusted means and orthogonal contrasts to examine the
effects of cover crop, PST, and their interaction.
Funguild output of guilds (functional groups) were relativized (general relativization) by
plot and relative abundance was analyzed using multivariate methods identical to those we used
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on the communities by OTU. I then used JMP14 to generate stacked bar charts by functional
group.
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Results
Seed Coat Fungal Diversity and Community Composition at the PA site

Figure 1: NMDS ordination of seed coat fungal communities at the PA site. Stress =
.16; p=0.0001.
PerMANOVA of the seed coat fungal community data at the PA site indicated that both
PST (p = 0.05) and year (p = 0.001) affected the composition of the soil fungal community that
colonized the coats of overwintered seeds (Table 3). PST-treated plots had lower seed coat
fungal community richness (p = 0.049), evenness (p = 0.041), and Shannon’s diversity (p =
0.027) compared to the treatments without PST (Figure 2). Cover crops did not affect the
composition of the community. Richness and Shannon’s diversity also varied by year (p =
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0.00001 (richness), p = 0.011 (Shannon Diversity)). Neither the PerMANOVA of OTUs or the
ANOVA of diversity indexes indicated any interactions between PST, cover crops, and years.

Figure 2. Diversity of fungal communities on A. retroflexus seeds overwintered in field soils
over two separate years at the PA site. Soils were previously planted with crop seeds coated
with insecticides and fungicides (PST) or without the pesticide coating (NO).
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Seed Coat Fungal Diversity and Community Composition at the NH Site

Figure 3: NMDS ordination of seed coat fungal communities at the NH site in 2018.
Stress = .09; p=0.01.
At the NH site, where tillage and PST were experimental factors, we detected a
significant effect of tillage in 2018 (PerMANOVA, p = 0.001), but not in 2019, and no effect of
PST in either year (Table 3). NMDS ordination of the 2018 NH site data indicated distinct seed
coat fungal communities in the full till plots compared to the strip and no-till plots, which were
intermingled (stress = 0.09, p = 0.01) (Figure 3). While there was no main effect of PST in our
model, all four diversity indexes were lower when looking at the effect of PST in only the no-till
plots (Figure 6). Tillage also affected the Simpson’s dominance index (p = 0.039), with seed coat
fungal communities having lower Simpson’s diversity in the full-till treatments compared to the
19

strip- and no-till treatments (Figure 5). Seed coat fungal community richness varied by year (p =
0.004) but was not affected by the treatments.

Figure 4: Diversity of fungal communities on A. retroflexus seeds overwintered in no-till
field soils over two separate years at the NH site. Soils were previously planted with crop
seeds coated with insecticides and fungicides (PST) or without the pesticide coating
(NO).
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Figure 5: Effects of tillage on the Simpson
diversity index of seed coat fungal communities at
the NH site.
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Table 3: Results of PerMANOVA of the seed coat fungal
communities (OTUs) at the PA and NH sites.
Factor/site
R2
Pr(>F)
PA site 2018 & 2019
PST
0.02855
0.05
Cover
0.01229
0.703
Year
0.07107
0.001
PST:Cover
0.01514
0.509
PST:Year
0.01717
0.353
0.01287
0.649
Cover:Year
PST:Cover:Year
0.02201
0.162
Residual
0.8209
NH site 2018
PST
Tillage
PST:Tillage
Residual

0.01165
0.29047
0.03103
0.66685

0.983
0.001
0.989

NH site 2019
PST
Tillage
PST:Tillage
Residual

0.05605
0.10143
0.0981
0.74443

0.475
0.606
0.631

Indicator Species and Functional Groups at the PA site
We used indicator species analysis (ISA) to identify seed coat fungal OTUs that were
significantly associated with each treatment. At the PA site, ISA identified 27 OTUs with
significant single group associations to untreated plots, and 14 that were significantly associated
with PST-treated plots (Table 4).
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Table 4: Indicator species analysis results by site. Total OTUs associated with each treatment
are shown in bold, associated OTUs which make up at least 1% of the community of any plot are
displayed with the lowest level of taxonomic assignment made.
Site/factor/OTU
PA

Known taxonomy

stat

Fungi
Helicodendron spp.
Sporisorium spp.

0.954
0.83
0.807

0.0006
0.0168
0.039

OTU 41
Treated, 14 OTUs
OTU 57
NH 2018
Seed Treatment
Treated, 7 OTUs
OTU 8
OTU 31
Untreated, 7 OTUs
Tillage
Full Till, 6 OTUs
OTU 1
Strip, 26 OTUs
OTU 7
OTU 2

Phylum:Ascomycota

0.764

0.0182

Fungi

0.796

0.0108

Tetracladium sp.
Monographella nivalis

0.972
0.739

0.0494
0.0106

Fungi

0.866

0.0002

Fungi
Tetracladium maxilliforme

0.882
0.708

0.0008
0.023

OTU 82
OTU 415
No Till, 38 OTUs
OTU 6
NH 2019
Seed Treatment
Treated, 5 OTUs
Untreated, 0 OTUs
Tillage
Full Till, 9 OTUs
OTU 11
OTU 24
OTU44

Sporisorium sp.
Cryptococcus magnus

0.707
0.699

0.0178
0.0292

0.78

0.0432

0.971
0.92
0.906

0.013
0.0026
0.0106

Seed Treatment
Untreated, 27 OTUs
OTU 7
OTU 3
OTU 82

Tetracladium sp.

Fusarium tricinctum
Phylum: Ascomycota
Guehomyces pullulans

p.value
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OTU125
Strip Till, 2 OTUs
No Till, 3 OTUs
OTU 2

Class:Tremellomycetes

0.806

0.0454

Tetracladium maxilliforme

0.794

0.022

Analysis of the seedcoat fungal community at the PA site by functional guild showed
differences between PST treated and untreated plots (p = 0.043) and between years (p = 0.002).
Specifically, seeds overwintered in the PST-treated plots had a lower relative abundance of
unknown taxa (62.1% treated plots, 71.2% in untreated) and higher relative abundance of general
(16.3% in treated plots, 12.7% in untreated) and soil saprotrophs (13.4% in untreated, 7% in
untreated plots). There was a change of less than .5% relative pathogen abundance (4.9% in
treated plots, 4.5% of untreated plots) and other identified fungi made 2.0% treated plots and
3.1% of untreated plots (Figure 6).

1.0
1.0

0.6

0.4

0.2

0.0

Other

Plant Pathogen

Plant Pathogen

Soil Saprotroph

Soil Saprotroph

General Saprotroph

General Saprotroph

Undefined

Undefined

0.8

Guild Relative Abundance

Guild Relative Abundance

0.8

Other

0.6

0.4

0.2

NO

PST
Rock Springs, PA

0.0

Full

No Till
Madbury, NH

Strip

Figure 6: Relative abundance of seed coat fungal functional groups as affected by PST (PA
site) and tillage (NH site in 2018).
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Table 5. Results of PerMANOVA
conducted on seed coat fungal
communities based on functional
groups. Significant factors are bolded
(p<0.05).
Factor/site
R2
Pr(>F)
PA 2018 & 2019
PST
0.04114 0.043
Cover
0.00463 0.869
Year
0.10648 0.002
PST:Cover
0.03321 0.081
PST:Year
0.01105 0.549
Cover:Year
0.02285 0.185
PST:Cover:Year
0.02666 0.147
Residual
0.75397
NH 2018
PST
Tillage
PST:Tillage
Residual

0.00074
0.33426
0.00784
0.65716

0.95
0.025
0.972

NH 2019
PST
Tillage
PST:Tillage
Residual

0.00555
0.05058
0.21872
0.72515

0.928
0.801
0.129

Indicator Species and Functional Groups at the NH site
At the NH site, we conducted ISA and functional group PerMANOVA separately by
year, due to the significant year by tillage interaction when communities were analyzed at the
OTU level (PerMANOVA, p = 0.008). In 2018, ISA based on PST treatment identified seven
OTUs that were associated with untreated plots and seven that were associated with PST-treated
plots (Table 4). In 2019, we found no OTUs associated with the untreated plots and five
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associated with PST-treated plots. Conducting ISA based on tillage treatment in 2018 identified
six OTUs associated with full till, 26 with strip till, and 38 with no-till (Table 4). Interestingly,
OTU1, for which no taxonomic information was assigned, was associated with full till and made
up 57% of the sequences in those plots. This OTU also had the highest relative abundance of any
OTU in our dataset. In 2019, we found nine OTUs associated with full tillage, two associated
with strip tillage, and three associated with no-till (Table 3).
PST did not alter the relative abundance of functional guilds (PerMANOVA, p = 0.95);
however, tillage did in 2018 (PerMANOVA, p = 0.025) but not in 2019 (PerMANOVA, p =
0.801). In full till plots in 2018 the relative abundance of taxa in the “unknown” functional group
was higher (86.7% in full till, 66.5% in strip tilled, and 70.1% in no-till plots). The relative
abundance of taxa in all other guilds were lower in full till plots compared to the strip and no-till
plots (general saprotrophs, 7.6% of full till, 22.5% of strip till plots, and 16.7% on no-till plots;
soil saprotrophs, 3.1% in full till plots, 5.3% in strip tilled, and 7.9% in no-till; plant pathogens,
1.3% of full till plots, 2.6% in strip tilled plots, and 2.7% in no-till plots; other fungi made up
1.4%, 3.1%, and 2.5%. in full strip, and no-till plots respectively.)

Seed Colonization by Soil Fungi and Impacts on Viability
Seed colonization and viability were assessed at the NH site in 2019 only. Fungal OTU richness
after overwintering was 600% greater in buried seeds exposed to soil (mean = 187 OTUs)
compared to control seeds which were buried but not exposed to soil (mean = 31 OTUs)
(ANOVA, p<0.0001; Figure 7). This change in OTUs indicates that weed seeds were rapidly
colonized by soil fungi, and that most of the sequences we found on our buried seeds represent
organisms which originated from the soil in our experimental field plots. Seed viability was
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reduced 35.6% by overwinter exposure to soil and was just 16.4% in seeds with soil contact
compared to seeds overwintered in plastic bags, which had a mean viability of 25.5% (ANOVA,
p=0.0064; Figure 7). This reduction in seed viability can be attributed primarily to microbial
decay and physical destruction, as seeds lost due to predation or prior fatal germination were not
factored into the viability calculation. Neither PST or tillage affected overwintered seed viability
(ANOVA, p > 0.05).

Figure 7: Effects of soil burial in mesh bags (Soil) and in
plastic bags (Control) on seed coat fungal OTU richness
and seed viability.

27

Discussion
Our data on A. retroflexsus seed coat fungal colonization and viability (Figure 6) indicate
that, as we expected, A. retroflexsus seeds were colonized by a diverse suite of soil fungi during
the overwintering period, and that exposure to the soil over this time period resulted in
substantial declines in seed viability (>35%). Given that our control seeds experienced the same
soil temperatures, we can rule out temperature fluctuations as contributing to this decline in
viability. While we attribute the decline in viability largely to microbial processes, as other
mortality factors such as seed predation and fatal germination were excluded by our methods, we
also cannot rule out other soil processes, such as gas or nutrient exchange or moisture conditions
which likely also differed between the mesh and control (plastic) bags and which could have
influenced viability (Dalling et al., 2011; Davis, 2007; Davis et al., 2006). We saw no treatment
related differences in the overwintered viability rates of our weed seeds and saw no differences
in the seed coat fungal communities in that year.
At our PA site where the entire experiment was conducted under no-till, we detected
differences in the communities of soil fungi that colonized weed seeds overwintered in soils
where PST treated crop seeds were planted compared to where those same crops were planted
without PST. We observed differences in fungal community composition and diversity, as well
as the relative abundance of different functional guilds. Reductions in fungal community
richness, evenness, and Shannon’s diversity associated with PST use at the PA site indicate that
PST can act as a meaningful “filter” on the community of soil fungi that colonize weed seeds in
the soil, supporting our second hypothesis. This is especially significant given the fact that PST
treated crop seeds contain relatively small amounts of fungicide and that our seed assays

28

occurred well after PST treated crops were planted and harvested each year. We found no
evidence at the PA site that effects of PST on seed coat fungal communities were altered by
cover crops despite previous research indicating they can take up PST components (Bredeson
and Lundgren, 2019). The lack of a cover crop effect may be a result of the timing of cover crop
planting and growth in this study, as the fall sown cover crop would have had the fastest growth,
and therefore highest potential for pesticide uptake, in the subsequent spring when PST
concentrations in the soil would be expected to be at their lowest(Anderson et al., 2015;
Radolinski et al., 2018).
We did detect evidence that the fungicide component of PST reduced the occurrence of at
least one soil borne pathogen, Fusarium tricinctum, a pathogen which PST are specifically
labeled for use against. While this species was identified as an indicator species of untreated
plots at the PA site, our analysis of functional guilds indicated that the difference in the relative
abundance of plant pathogens between the treated and untreated plots was less than 0.5% and not
statistically significant. Previous research has found that use of PST is often not associated with
a reduction in the pests and pathogen’s they target (Douglas and Tooker, 2015; Labrie et al.,
2020; Lamichhane et al., 2020). Perhaps more significantly, two other taxa that are not intended
to be targeted by PST were also found to respond to PST use, the litter saprotrophic genus
Helicodendron (six species in dataset) and Mrakia frigida, a cold-tolerant yeast (Hua et al., 2010;
Mudur et al., 2006). The abundance of Helicodendron spp. was lower in the presence of PST,
indicating it may be susceptible to at least one of the PST components. In contrast, the relative
abundance of M. frigida was higher in the presence of PST, suggesting that this cold adapted
yeast may have benefited from reduced competition during the winter months.
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Seed coat fungal communities in PST-treated plots at the PA site had more fungi assigned
to saprotrophic guilds than seed coats in untreated plots, which may indicate an increased
capacity for seed decay in the presence of PST in contrast to our hypothesis. Unfortunately, we
did not measure seed viability rates in overwintered seeds from the PA site. Where we did
measure viability (seeds from the NH site in 2019), we did not see a similar effect of PST on the
weed seed coat fungal community; therefore, the role that PST-mediated shifts in saprotrophic
seed coat fungi might play in weed seed overwinter survival remains unknown.
We did not detect an effect of PST on weed seed coat fungal communities at the NH site,
nor did we detect an interaction between PST and tillage as we had hypothesized. It is possible
that our lower experimental power at the NH site (four replicates) compared to the PA site (6
replicates) resulted in an inability to detect the PST effect. In accordance with this explanation,
we had expected that the effects of PST would be strongest in the no-till treatment and it was
indeed the case that while not significantly different, all four seed coat fungal community
diversity measures were numerically lower in the PST-treated plots in the no-till treatment
compared to the untreated plots, while this was no discernable trends in these indices in the other
tillage treatments. It is also possible that other factors such as climate, soil type, or a host of other
site-specific biotic or abiotic factors which likely differed between the two sites contributed to
the lack of a detectible PST effect at the NH site.
In contrast to PST, tillage did have a strong effect on seed coat fungal communities at the
NH site, both at the OTU level and functionally, as we had hypothesized. The change in
Simpson’s dominance index and greater relative abundance of OTU1 in the full till plots in 2018,
may be indicative of the simplified soil environment that high soil disturbance practices like
moldboard tillage create. Disturbed environments favor simpler communities both above and
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below ground (Anthony et al., 2017; Smith, 2015) but this is, to the best of our knowledge, the
first report of tillage system influencing the community of soil fungi that colonize weed seeds.
As such, these data could have important implications for our understanding of weed community
dynamics and how these are altered by changes in tillage.
We were unable to fully address our first hypothesis, as we only reliably tested viability
of seeds from the NH site in the year (2019) where we did not detect a difference in the seed coat
fungal communities between treatments. While we did attempt to collect viability data in 2018,
the year we did detect a strong effect of tillage in the fungal community, methodological
problems made those data unreliable and so they were excluded from analysis. Because of this;
we are unable to link our findings of functional changes in the seed coat fungal community to
changes in weed seed overwinter survival in soil.
Taxonomic or guild classifications were unavailable for a significant portion of the soil
fungi that colonized the weed seed coats in our study, a problem common to most amplicon
sequencing projects (Hugerth and Andersson, 2017). Inability to classify all members of the
fungal community could lead to biases in our analyses based on which taxa are described and
which are not. For example, the difference in fungi assigned to the “unknown” guild between the
PST-treated and untreated treatments was ~10% at the PA site and ~20% between the full and
strip/no-till plots at the NH site, differences of magnitude close to the sum of all other
differences in those communities at each site. However, given that the taxa we are most
interested in, i.e., the plant pathogens and saprotrophs, are taxa of broad interest, they are likely
better described than fungi at large; therefore, this particular bias may be less of a concern.
Our study involved only a single weed species, A retroflexus, and so it remains unknown
the degree to which our results are weed species-specific. It is not unrealistic to expect that other
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weed species may have varying responses to soil fungal communities, PST, and/or tillage based
on seed defense syndrome (Dalling et al., 2011) or other factors (Buyer et al., 1999; Sarmiento et
al., 2017).
Taken together, these data provide strong evidence that PST alters the community of soil
fungi that successfully colonize weed seeds during the overwintering period in row crop
agroecosystems. Data from the PA site, and congruent trends from the NH site, suggest that the
effects of PST on weed seed coat fungal communities is strongest in no-till cropping systems.
Data from the NH site provide evidence that tillage, independent of PST, can also strongly
influence weed seed coat fungal communities. Given that PST use is common in no-till cropping
systems, systems that also frequently feature high numbers of herbicide-resistant weeds (Heap
2020), our data provide compelling evidence for the need to better understand the potential
relationships between soil fungi, PST, and weed population dynamics.
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Conclusions
We conducted two-year experiments at two sites, one in PA and another in NH, to investigate the
effect of PST use on the community of soil fungi that colonized weed seeds over the winter
fallow period in a typical maize/soybean rotation. At the PA site we found strong and consistent
evidence that PST alter the composition and diversity of the soil fungal community that
colonized the coats of weed seeds. At the NH site we had lower power to detect PST effects but
found that tillage resulted in increased seed coat fungal community dominance by a single
species compared to strip- and no-till. Unfortunately, we were not able to assess the impact of
these changes on weed seed viability and decay rates and therefore the need to understand the
impact of PST and tillage-mediated changes in fungal communities on weed seedbanks remains
important and unanswered.
Despite an experimental design that meant weed seeds were exposed to the soil when
pesticide levels in the soils would theoretically be expected to be at their lowest concentrations–
we were able to detect functional changes in the fungal communities on the coats of weed seeds
when pesticide treated crop seeds were used. We found that in cases where the effect of PST was
present, fungal saprotrophs and yeasts—species which may be expected to mediate seed decay
and the effects of soil pathogens (Yurkov, 2018) —were the most responsive members of the
seed coat fungal community, while the relative abundance of plant pathogens was unchanged.
Taken together, these results suggest that while we have yet to understand the full impact of
these PST-mediated changes in weed seed coat fungal communities and weed population
dynamics, given the fact that PST use has been shown to have little to no impact on crop yields
(Labrie et al., 2020), it may be wise to reserve the use of these products to a more strictly IPM
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context, rather than prophylactically as they are used now. Further, our results show that
chemical and non-chemical agricultural management practices alter the fungal community that
have access to weed seeds, and that more research is required to understand the implication of
these effects on weed community dynamics.
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